Electron microscopy (EM) for biological samples, developed in the 1940-1950s, changed our conception about the architecture of eukaryotic cells. It was followed by a period where EM applied to cell biology had seemingly fallen asleep, even though new methods with important implications for modern EM were developed. Among these was the discovery that samples can be preserved by chemical fixation and most importantly by rapid freezing without the formation of crystalline ice, giving birth to the world of cryo-EM. The past 15-20 years are hallmarked by a tremendous interest in EM, driven by important technological advances. Cryo-EM, in particular, is now capable of revealing structures of proteins at a near-atomic resolution owing to improved sample preparation methods, microscopes and cameras. In this review, we focus on the challenges associated with the imaging of membranes by EM and give examples from the field of host-pathogen interactions, in particular of virus-infected cells. Despite the advantages of imaging membranes under native conditions in cryo-EM, conventional EM will remain an important complementary method, in particular if large volumes need to be imaged.
Brief history of cellular organelles imaging by electron microscopy
Much of what we know about the fundamental organization of eukaryotic cells stems from pioneering work performed in the beginning of the 20th century. The concept that cells contain structures that sediment with different densities in the centrifuge was first demonstrated by Albert Claude, who, together with his colleagues Keith Porter and Ernest Fullam, was also the first to apply electron microscopy (EM) to cultured cells ([1] ; reviewed in refs [2, 3] ). The 'early' electron microscopists encountered challenges still valid in today's EM: how to embed samples so they can be cut into thin slices and how to create contrast in the electron microscope. Methods of sample preparation and thin sectioning, developed subsequently in the 1940-1950s, laid the ground for our current perception on intracellular membrane compartments (reviewed in ref. [2] ). In fact, sample preparation by chemical fixation, heavy metal contrasting, dehydration, followed by resin embedding and sectioning is still used as a powerful and reproducible method to look inside cells.
While in the 1970-1980s EM became an important method for structural analysis of protein assemblies, EM applied to cell biology was partially left behind; the development of routines in molecular cloning enabled researchers to study the function of proteins through effects of mutations in the amino acid sequence. With commercially available light microscopes (in particular confocal microscopy) and availability of fluorescent proteins, questions related to membrane trafficking in cells were studied preferentially by light microscopy [4] . EM was considered a field carried out by a few specialists and largely made redundant by other microscopy methods. The development of cryo-EM, initiated already in the 1980s but which became routine only recently, has kissed the EM-beauty awake and rekindled an interest among researchers, including biochemists. The most recent developments in transmission EM (TEM) such as direct electron detectors, phase plate technology and novel methods of cell thinning allow one to study not only the structure of isolated proteins but also proteins inside cells. Furthermore, the development of scanning EM (SEM) and introduction of in-lens detectors for secondary electrons tremendously advanced the attainable resolution in SEM, which is now becoming a main technology to study large cell volumes in three dimensions.
In this review, we will highlight how these developments facilitate overcoming the main challenges in cellular EM. We will focus in particular on cellular (eukaryotic) membranes and use examples of membrane reorganization and membrane-protein interactions from the field of virus assembly and disassembly.
What are the challenges in EM applied to cell biology?
Electrons can be accelerated to such velocities that their wavelength is less than an Ångström and consequently have great resolving capabilities. However, high vacuum is needed to accelerate and focus electrons in the microscope, imposing a major constrain on biological sample imaging. A cell contains ∼70% of water, which would simply evaporate in the column of the microscope. Originally, the only way to image biological material was to remove water from cells using organic solvents whose structure was 'stabilized' by chemical fixatives and stained by heavy metals. However, all of these steps are associated with limitations; fixation, dehydration and contrasting may create artifacts. A more physiological way is to vitrify the water in cells and perform cryo-EM. The initial attempts to preserve biological samples by freezing rather than chemical fixation were clearly complicated by the high water content of such specimens; water may form ice crystals and damage the structure, making it unsuitable for ultra-structural analyses. A clear breakthrough came with the realization, previously thought impossible, that water can also form amorphous (vitreous) ice if the freezing process is fast enough. This discovery, made in parallel by Erwin Mayer and Jacques Dubochet in the 1980s, paved the way for modern cryo-EM [5,6]. However, rapid freezing at ambient pressure is limited to thin samples. Introduction of high-pressure freezing (HPF) by Moor, Mueller and colleagues allowed vitrification of samples with larger volumes such as eukaryotic cells, whole embryos or slices of a tissue [7, 8] . In cryo-EM, the obvious benefits are that the samples are not chemically fixed, stained or dehydrated, and structures of organelles, macromolecules and membranes are close to their native state, immobilized in their original position within the cells.
Another big challenge of EM applied to cell biology is the thickness of the sample. In the SEM, the backscattered or secondary electrons originating from the cell surface are analyzed, whereas in the TEM the forward-scattered electrons form the image. An important consideration is that TEM is limited to samples thinner than ∼500 nm. For thicker samples, such as whole cells, multiple electron scattering and energy loss events become too frequent to obtain an image.
Hence, in order to study cells by TEM, the cell needs to be sliced or thinned, which complicates the interpretation of cellular structures in three dimensions (3D). Tremendous efforts in the development of ultramicrotomes, diamond knives and embedding resins played a crucial role to produce sections of cells without sectioning artifacts. Recently, a complementary cell-thinning technique called focused ion beam (FIB), which is based on milling, was developed [9] [10] [11] [12] . Both ultramicrotome automation and FIB technology combined with block-face or serial-section SEM imaging are becoming powerful methods to study membrane organelles in 3D within large biological samples [13] .
Sample preservation and consequences for membranes
The very first step in classical sample preparation, fixation by aldehydes, presents a major challenge for membranes. Aldehydes bind mainly to amino groups typically contained in proteins but lacking in lipids (with some exceptions as phosphatidylserine and phosphatidylethanolamine). Proteins are cross-linked, but lipids remain mobile after fixation [14] and can be extracted by organic solvents used for subsequent dehydration. Already in the 1960s, Cope and Williams quantified extraction of various lipids species after aldehyde fixation, comparing different organic solvents and resins. Post-fixation with osmium tetroxide before dehydration reduced the extraction of lipids to different degrees, depending on the lipids species and on the resin used (reviewed in refs [15, 16] ). Extraction was reduced for some lipids species (e.g. cholesterol) when embedding is done at temperatures below 0°C, whereas others are extracted irrespective of the temperature (neutral lipids; [17, 18] ). Their study provides experimental data to support the notion that the two-step fixation, still used today, with aldehydes followed by osmium tetroxide provides a workable compromise to preserve and image membranes. Another important consideration for the preservation of lipids by EM is the choice of the buffer used for fixation (reviewed in ref. [19] ); thus, phospholipids may be significantly extracted if phosphate buffers are used during fixation.
Immobilizing lipids without significant loss can be achieved only by preserving samples by vitrification where the lipids are physically rather than chemically immobilized in vitrified cells. The two most popular vitrification methods at present are plunge-freezing and HPF. For the vitrification and sample preparation by slamfreezing and freeze-etching, the reader is referred to a comprehensive review by Heuser [20] . In plunge-freezing, a thin aqueous solution of protein applied to a support for EM is plunged into a liquid nitrogen-cooled bath of ethane, obtaining cooling rates higher than 10 5 K/s [5] . This method finds its application mostly in singleparticle cryo-EM to determine the structure of purified proteins, but can also be used to vitrify the peripheral regions of cells that are thinner than 5 mm [21] . To vitrify 'bigger' volumes, HPF is required. First attempts to freeze samples without ice crystal formation using high-pressure freezing were initiated in the late 1960s [22] , but HPF became more routine only in 1980s. It works by applying liquid nitrogen on the sample under a pressure of 2100 bar at which free water becomes very viscous. The pressure of 2100 bar counteracts the water volume expansion, inhibiting both the nucleation and the growth of ice crystals during freezing. Hence, cooling rates required to vitrify a sample at such a pressure are two orders of magnitude lower than at ambient pressure, allowing to freeze (vitrify) considerably thicker samples (up to 200 mm) without crystals (for technical considerations, see refs [7, 8, 23] ). With several commercially available HPF machines, it has become a common method for freezing of cells, tissues or small organisms. After HPF, samples are then further processed in two possible ways: by freeze-substitution (FS) or by direct sectioning and observation by cryo-EM. FS is performed at a low temperature, typically starting at −90°C and followed by slow gradual heating of the sample to temperatures ∼0°C. During this process, the structure of the membrane is stabilized and stained, typically using osmium tetroxide and uranyl acetate, while molecules of organic solvent slowly replace those of water present in the cell. The sample is subsequently embedded in a resin and subjected to ultramicrotomy or FIB. Compared with dehydration performed at room temperature, lipid extraction is reduced at low temperatures mainly due to slow and fixation-accompanied sample dehydration. [17, 24] . Slow water-solvent exchange may also reduce osmotic pressure changes and the aggregation of proteins typically induced by chemical fixation [25] . Fixation-induced aggregation may induce proteins that are freely diffusible prior to fixation, to form an insoluble matrix. Such a matrix can then exert pulling forces on membranes inducing various artifacts such as shrinkage [26] . A typical consequence is that membranes, in particular viral membranes, are often surrounded by an 'empty' space when embedded at room temperature ( [26] ; see below, Figure 3A for an example).
The addition of small amounts of water [1-5% (w/w)] to the FS medium increases the contrast of membranes. This phenomenon is sample-dependent and it seems to be more pronounced at the temperatures when the osmium and uranyl acetate become reactive (between −60 and −40°C). These observations led Walther and Ziegler to propose that water creates a layer around the membranes, which improves the access of osmium and uranyl acetate to fix and stain the membranes [27, 28] . HPF/FS is an excellent sample preparation technique, which provides a sufficient level of preservation to study membrane connectivity. However, an important consideration is that while osmium and uranyl acetate aid at immobilizing certain lipids, contrasting limits resolution. In essence, they create a small deposit on the structure they are bound to, limiting their resolution to roughly 2 nm [29] and preventing the analysis of fine details of membranes and associated proteins.
When it comes to structure preservation of intracellular membranes, in situ cryo-EM is the method of choice, and HPF/FS is a good compromise, while classical room temperature embedding suffers mostly from embedding artifacts (see ref. [26] ; reviewed in ref. [30] ). The obvious advantage of cryo-EM is that samples are imaged close to native conditions without dehydration and contrasting. Vitrified cells or tissues can either be sectioned in a cryo-ultramicrotome (cryo-EM of vitreous sections, CEMOVIS) or thinned in a cryo-FIB workstation maintained below the devitrification temperature (−135°C for pure water). Both techniques are technically laborious and cryo-EM imaging comes with several challenges detailed below that justify the use of room temperature EM as a complementary method. Until recently, CEMOVIS [31] was mostly perceived as a specialists' technique; however, the development of auxiliary tools (micromanipulator, charging device and improved knives) has made it more amenable to less specialized researchers [32, 33] . Nevertheless, CEMOVIS is associated with limitations that relate predominantly to the sectioning process per se. These involve knife marks, crevasses and compression that affect cellular integrity and hence imaging. In addition, CEMOVIS is hampered by the difficulty of positioning the sections flat on the EM grid, which is problematic for cryo-electron tomography (ET; summarized in ref. [34] ). Cryo-FIB is an alternative technique employing a focused ion beam to thin cells by sputtering the cellular material layer by layer in a raster manner until a 200-300 nm-thick cryo-lamella is left [35] . Compared with CEMOVIS, where cutting produces sections with compression or surface artifacts, cryo-lamellae appear artifact-free. However, cryo-FIB is a time-consuming technique since the milling speed, determined by the current of the ion beam, is kept low to prevent sputtering artifacts. To facilitate the process of thinning, the sample can be pre-trimmed and flattened by a diamond knife (cryo-planing) prior to cryo-FIB [36, 37] . The technique of cryo-FIB milling will eventually become more routine and will probably complement CEMOVIS for cell thinning, which can be further analyzed by cryo-ET [10, 38, 39] . For instance, CEMOVIS can produce serial sections of the cells and it is not limited only to one cryo-lamella produced from one cell.
Contrast formation in cryo-EM and recent advancements
Cryo-TEM images are noisy since biological samples are electron beam sensitive, and we can expose them only to a limited amount of electrons before their structure is damaged. Moreover, in cryo-EM, the principle of contrast formation is fundamentally different; biological macromolecules are composed of light atoms and do not absorb electrons such as in the samples stained by heavy atoms; thus, the contrast comes predominantly from phase contrast and only minimally from the absorption (amplitude) contrast [40] . To understand phase contrast, we have to remember that electrons behave as a plane wave with given amplitude and phase. The electrons interacting with biological macromolecules undergo forward scattering, changing their velocity, and the angle and length of their path on the way to the camera. Forward scattering can be either elastic or inelastic [41] . Elastically scattered electrons do not lose their kinetic energy and carry useful information about the sample. In contrast, the inelastically scattered electrons transfer part of their kinetic energy to the sample creating free radicals, causing irreversible damage to the biological structure and contributing to noise in the images. Cameras are not designed to directly detect a phase shift, but only detect differences in amplitude, which give rise to the contrast. So how do we detect phase contrast? Phase contrast results from interference of the unscattered beam with the elastically scattered electrons. Thus, phase contrast is achieved when the interference product of the incident and scattered electron waves is a wave whose amplitude difference is maximized compared with the incident electron wave. A technically feasible way to obtain phase contrast is to introduce a 90°phase shift between the incident and scattered electron wave, by modulating the focus of the objective (a phase shift of 90°comes from weak-phase object approximation and is only valid for thin samples). The phase contrast produced by defocusing is not uniform across the range of spatial frequencies and it is described by so-called contrast transfer function. Curious readers are referred to an excellent didactic review [41] . The higher the defocus, the higher is the contrast transfer of low-resolution components, allowing one to directly observe the coarse structure of the macromolecules and membranes. However, this comes at the expense of corrupting the contrast transfer at high resolution [40] . If the aim is to obtain the fine details of the structure, only a small defocus is usually applied and the contrast transfer function must be corrected. Since highresolution frequencies are 'polluted' with noise, computational averaging techniques such as single-particle analysis [42] or sub-tomogram averaging [43] are necessary to retrieve the molecular details with sub-nanometer resolution. In summary, defocus-based phase contrast (DPC) is a common method to obtain images in cryo-EM, but it comes with a tradeoff -introducing more defocus increases contrast at the expense of highresolution information and vice versa.
Already in the early development of the TEM, the idea of introducing a phase plate into the transmission electron microscope, which would produce contrast in analogy to light microscopy, came into consideration. Although several concepts have been proposed and developed, their fabrication challenges and practical disadvantages precluded their wide application. The aim of a phase plate is to achieve phase contrast, which is transferred uniformly across a broad range of spatial frequencies in close-to-focus images. This is achieved by placing a phase plate into a back-focal plane of the microscope, which introduces a desired 90°phase shift (see above) either to the unscatterred or to the scattered electron beam (for review, see ref. [44] ). Recently, a selfgenerating, long-lasting and more user-friendly phase plate composed of a thin layer of amorphous carbon was introduced. It has been found that if the carbon is heated to ∼200°C to prevent charging, electrons passing through the carbon generate Volta potential [45] . In turn, the bell-shaped Volta potential field with smooth decay introduces a phase shift to the unscattered electrons. The signal-to-noise ratio is improved in close-to-focus images compared with defocus phase contrast without compromising high-resolution spatial frequencies. Image datasets acquired with a volta-phase plate have been successfully used for averaging techniques such as single-particle analysis and sub-tomorgam averaging to obtain a protein structure with sub-nanometer resolution [46] . It has been applied to elucidate the architecture of the membrane attack complex inside the membrane induced by complement activation, which is an immune defense mechanism used against bacteria [47] . Imaging close to the focus allows direct, more accurate interpretations of membrane-protein interactions, which might be too heterogeneous for averaging methods. It can be applied to understanding organelle architecture [48] , as well as influenza virus-mediated membrane fusion as shown in Figure 1 [49] .
Perhaps, the most dramatic technical advancement since cryo-EM was introduced is the recent development of direct electron detectors (reviewed in ref. [50] ). The detection system of a camera can be assessed by detective quantum efficiency (DQE), a ratio of the squared output and squared input signal-to-noise ratios. In other words, it refers to the added noise to the signal as a result of imperfections inherent to the detection system. DQE of the camera varies with spatial frequency, and the higher the DQE, the better. In the early days of cryo-EM, all image acquisition was done on photographic film, which was digitalized by scanning. Introduction of scintillator-coupled CCD cameras dramatically increased the throughput of imaging and enabled development of ET, albeit with lower DQE than that with photographic film. The electrons are indirectly detected in the scintillator-coupled CCD cameras: electrons hit the scintillator ( phosphorus layer) and trigger a release of photons, which are focused by optical wires or lenses onto a CCD chip (reviewed in ref. [51] ).
As the name indicates, direct electron detectors are capable of detecting electrons directly on a monolithic active pixel sensor circumventing the conversion to photons. Early attempts to develop such a detector were precluded by the short lifetime of the chip due to electron beam damage. The radiation hardening of the chip was achieved by so-called back-thinning of the chip, which minimizes the number of back-scattering events after the electron passes the chip on its way out of the detector. Direct detection increases the DQE by up to 80% and allows precise localization of the electrons even on a subpixel level [52] . Secondly, direct detectors are capable of fast readout (up to 400 frames/s), allowing acquisition in the movie mode, where several exposures of the same sample are made instead of one long exposure. Acquisition of multiple frames, which can be subsequently aligned and summed, allows eliminating a beam-induced drift [53] . Direct detectors fundamentally pushed the resolution limits of single-particle analysis and sub-tomogram averaging techniques to a few Ångströms [54] [55] [56] .
Until recently, cryo-TEM utilizing phase contrast was only the method of choice in vitreous sample imaging. However, two studies, by Rigort et al. and by Schertel et al., showed that contrast can be obtained of unstained vitreous cells in cryo-SEM to directly observe membranous structures such as mitochondria with sufficient resolution for the 3D modeling using an in-lens secondary electron detector (Figure 2 ). The origin of the contrast, which depends on beam energy, is not yet fully understood. It was suggested that the contrast results from local differences in surface potential [36, 57] . Another study used cryo-SEM to image the volume of highpressure frozen sea urchin embryo and zebrafish larval tail at a resolution of 5-20 nm [58] . This technique although right now far from routine has a great potential to directly and quickly image biological samples of large volumes at native conditions.
3D Imaging of cellular membranes
EM techniques to image cells in 3D can be classified based on the type of EM such as TEM or SEM, the volume they can analyze and the resolution they can obtain. We will discuss the main 3D methods in EM (summarized in Table 1 ) and focus on the consequences for the imaging of membranes. There are two problems in TEM to be considered when it comes to imaging in 3D. First, as mentioned above, TEM requires the The images show computational slices of cryo-electron tomograms of liposomes, displaying the characteristic bilayer structure of a membrane. Although the bilayer can be observed using both DPC (left) with a defocus of −5 mm and VPP (right; at a defocus of −1 mm), the contrast is higher when VPP is used. Owing to the large defocus applied in the DPC image, each monolayer of the membrane is surrounded by a low-density fringe, which may complicate direct analyses of membrane-protein interactions. Figure obtained from ref. [49] .
inherently 3D sample to be sliced into thin sections that are approximately two-dimensional (2D) when compared with the dimensions of the cell. The second problem is that 3D intracellular structure captured within the section is projected into a 2D image. In other words, a projection TEM image is a superposition of all the structures, which interacted with the electron beam to form an image, and obviously the thicker the section of the cell, the more cellular material is projected in the image.
ET is a technique allowing to obtain 3D information of intracellular structures within a single section of the sample, which in this case is rather thick (∼300 nm) to contain as much structural information as possible in the z direction. In ET, the sample is tilted over a range of angles with an increment of 1-3°, and at each angle a 2D projection image is acquired. The resulting tilt series of projections is subsequently aligned and back-projected in silico to obtain a 3D representation of structures based on the projection-slice theorem [59] . The main limitation of ET is that projections cannot be acquired at tilt angles higher than ±60-70°due to the slab geometry of the sample. Thus, although ET provides high resolution in x-y (<1 nm), the missing 40-60°o f information, referred to as the missing wedge, limits the resolution in z [60] . ET became routine with the development of microscopes that are largely operated by software enabling them to track, focus and record Cryo-FIB was used to mill the surface of the sample and the exposed block-face was imaged by a secondary in-lens detector. Intracellular organelles such as myelinated axons (asterisks), nucleus (nu), Golgi apparatus (g) and mitochondria (arrowheads) are clearly discernable despite the lack of any contrasting agent. Scale bars: 1 μm. Images taken from Schertel et al. [57] with permission. In ET, 200-300 nm-thick sections are tilted in the TEM (e.g. ±60°) and multiple 2D projections are recorded automatically that are computationally aligned and back-projected to obtain 3D information. STEM-ET also relies on the imaging of sections that are tilted in the TEM. Rather than recording projection images, in STEM, the sample is scanned with a beam focused into a small spot and allows for the analysis of thicker sections than in TEM-ET (see the text for an explanation). Serial block-face SEM (SBF-SEM) and focused ion beam-SEM (FIB-SEM) rely on the sample surface imaging by SEM and removing of a thin layer of material either by slicing (SBF) or by milling (FIB). By repeated cycles of slicing/milling followed by surface imaging, a 3D volume is imaged, typically a whole cell or small pieces of tissue. In SBF-SEM, a microtome is placed within the SEM, whereas in FIB-SEM an ion beam (usually composed of gallium) is used to mill the sample. Serial sectioning (SS) produces consecutive sections of defined thickness, which can be imaged either by TEM or SEM. SS-SEM is now becoming more feasible due to the development of automated microtomes and automated image acquisition in modern SEM and finds its application in the analyses of tissues. The numbers (volumes analyzed and resolution in x-y and z) are approximations; for details, see reviews for refs [13, 39] .
images independently of the operator. Multiple tomograms can be acquired on serial sections with a thickness of ∼300 nm and subsequently joined, allowing one to obtain 3D information of the whole cell. Methods relying on SEM imaging are particularly well suited for the analysis of larger volumes at a resolution determined by the minimal diameter of the focused electron beam (roughly 5 nm). SEM-based 3D methods can be further divided depending on the methods used to cut or mill the cell surface to SBF-SEM and to the above-mentioned FIB-SEM, respectively. The SBF-SEM workstation contains a built-in microtome, which removes a thin layer from the surface of the biological sample (block). The newly exposed surface is then scanned by an electron beam focused into a probe, generating secondary or back-scattered electrons, which are detected from each spot. The whole process is repeated to image the 3D volume of the cell. FIB-SEM employs a focused ion beam (often gallium ions), which ionizes the surface and sputters the material away exposing a new surface, which is imaged by SEM. Alternatively, SEM can be used to image serial (consecutive) thin sections rather than the surface of the block. Ideally, the sections are cut as thin as possible as the resolution in z is determined by the thickness of the section (>30 nm). However, to obtain a serial section of a large biological object manually using even the most modern ultramicrotome is a tedious exercise. The recently developed Automatic Tape-collecting UltraMicrotome (ATUM) is able to automatically cut and immediately transfer thin sections of a large block on a continuous transparent tape [61] . Serial sections are subsequently imaged by SEM and can also be reanalyzed by TEM if higher resolution is required. For more details on these emerging technologies, see an excellent review by Titze and Genoud [13] .
Finally, the benefits of TEM and SEM can be combined. Although less routinely used, STEM tomography is a powerful 3D EM method. Here, the sample is tilted in the microscope, identical with TEM-ET, but the electron beam is focused into a small probe that scans the sample similar to SEM. The forward-scattered The images show the immature virion and its precursor, the crescent, in thin sections of HeLa cells infected with the poxvirus vaccinia virus. Sample was (A) chemically fixed and embedded in epoxy resin at room temperature; (B) subjected to HPF, freeze-substitution and embedding at low temperature in Lowicryl; (C-E) subjected to HPF and analyzed by cryo-EM of vitreous sections (CEMOVIS). Red arrows mark a scaffold protein and yellow arrows mark a membrane. Note that the scaffold protein appears featureless after chemical fixation; after HPF/FS, the structure of the scaffold is partially revealed and CEMOVIS provides an image of the scaffold-membrane interaction under fully hydrated, native conditions and enables the measurement of the thickness of both the membrane and the scaffold. Bars: 100 nm. Taken from ref. [10] , with permission of reprint.
(transmitted) electrons are not detected on a CCD camera but either on an axial bright-field (ABF) detector used to detect electrons scattered to low angles or high-angle annular dark-field (HAADF) detector [62] . In STEM, the objective lens is used to focus the beam into a scanning spot rather than for image formation as used in TEM. Thus, there is no objective chromatic aberration, which in classical TEM increases with sample thickness and obscures imaging of thicker samples [63] . STEM-based tomography thus allows image acquisition of samples that can be considerably thicker than in TEM-based ET (up to 1000 nm; [64, 65] ), permitting analyses of larger 3D volumes. For contrasted biological specimens, the ABF detector provides higher spatial resolution (5-10 nm) for 1000 nm thick samples than the HAADF detector due to a larger depth of field [66] . STEM can be performed either on TEM-or SEM-dedicated instruments equipped with a STEM detector. In some instances, STEM imaging of serial sections might be beneficial over often-used backscattered SEM imaging since it does not require heavy metal post-staining [67] . Recently, cryo-STEM was also successfully used to obtain tomograms of vitreous bacteria, illustrating the potential of this 3D imaging technique for vitreous samples [68] .
Practical considerations and examples of EM methods applied to study intracellular membranes
The choice of the EM imaging technique depends on the biological question and the required resolution (which is at least 2.5 nm to resolve a 5 nm-thick membrane), sample volume to be analyzed and finally preservation level of the biological sample (discussed above). Owing to the high attainable resolution of TEM, ET is particularly well suited for studying details of the continuity of membranes in 3D (e.g. whether a vesicle is continuous or not with other cellular membrane compartments). To appreciate the overall organization of membranous organelles within cells, FIB-SEM or SBF-SEM is more appropriate than ET. For instance, to obtain a 3D image of a whole cell with an average thickness of 10 mm by ET would require joining tomograms in the z-axis acquired on ∼30 sections with a thickness of ∼350 nm. While possible, this is a very tedious and timeconsuming exercise. Moreover, joining multiple tomograms is difficult due to uneven resin shrinkage after electron beam exposure and due to missing information as a result of lost material between sections upon each knife stroke [69] . With the 3D methods currently available, a rule of thumb is that as the volume analyzed increases, the resolution decreases. The potential resolution of 1-5 nm of SBF-SEM and FIB-SEM may at the limit to study fine details of membranes and their continuities. SBF-SEM is a method of choice when very large volumes are imaged because the built-in microtome is capable of removing material from large surfaces much faster than FIB, but the z resolution is lower.
Three-dimensional EM has contributed considerably to the understanding of membrane rearrangements induced by viruses. As an example, ET showed how ( positive-strand) RNA viruses modify intracellular membranes utilized for the replicative cycle [70, 71] . Flaviviruses such as dengue virus create invaginations of the endoplasmic reticulum, which probably facilitate genome replication while leaving a small opening through which replicated RNA can travel to the cytoplasm. ET was essential to reveal that the 11 nm-wide opening is located opposite to budding virions, indicating that replication and assembly is highly co-ordinated [72] . Other questions are addressed better using complementary 3D methods. Using a complementary set of 2D EM methods, HIV-1 was shown to bud into large, several mm-wide invaginations of the plasma membrane in primary macrophages [73] . To analyze this budding compartment in 3D, Welsch et al. [74] subsequently used serial-section ET; although powerful, the data could have been acquired faster using FIB-SEM as was subsequently shown by Bennett et al. [75] and by Höhn et al. [76] . This example nicely illustrates how fast the development of hardware in EM is currently evolving. At the time when the Welsch et al.'s (in ref. [74] ) study was performed, FIB-SEM was not yet a routine, while in 2017 it clearly is.
Another example is the analysis of invaginations of the nuclear membrane induced by the human cytomegalovirus (herpesvirus) initially observed by thin-section EM [77] . Subsequent study using FIB-SEM showed how these invaginations organize into complex membrane networks devoted to virus budding [78] . Indeed, examples on how FIB-SEM contributes to, and complements, the analyses of virus-modified membrane structures are steadily increasing. They have contributed to the understanding of the architecture of the HIV-1 virological synapse [79, 80] . FIB-SEM was recently also used to obtain a 3D image of Chlorella cells infected with Paramecium bursaria chlorella virus and was complemented with STEM-ET to image fine details of virus membrane assembly [81] .
If the focus is on fine structure of intracellular membranes (thickness, length, curvature), including membrane-protein interactions with the possibility to retrieve high-resolution information by sub-tomogram averaging, the use of cryo-ET on samples prepared by CEMOVIS/cryo-FIB is imperative. An illustration on how conventional embedding can affect the preservation of membranes comes from the work on the poxvirus vaccinia virus (VACV). For years, the structure of its membrane was heavily debated since conventional EM suggested it to be a single bilayer with open ends in the cytoplasm, a structure never observed before in cells [82] . CEMOVIS enabled imaging the crescent-shaped precursor with unprecedented preservation: the viral membrane as a single bilayer shaped on its convex side by a scaffold protein separated by an electron-lucent space of 3 nm. The space 'disappeared' upon conventional embedding or HPF/FS and prevented the unambiguous discrimination of the different structures. Apparently dehydration resulted in the collapse of the space between the membrane and the scaffold, while the contrasting masked fine structural details and prevented the unambiguous resolution of the membrane from the scaffold [83] .
However, compression and sectioning artifacts are part and parcel of CEMOVIS and have to be taken into an account when analyzing membranes. If the region of interest is in a cell periphery, which is not thicker than 300-400 nm, no sectioning is required. Thus, virus entry and exit can often be studied without sectioning. As an example cryo-ET was applied to study entry intermediates of Herpes Simplex Virus 1 (HSV1) [84] and budding of HIV-1 [85] . The recently introduced cryo-FIB offers thinning without artifacts. As an example, cryo-FIB was used to prepare a cryo-lamella of Chlamydomonas cells and allowed to image a Golgi apparatus without sectioning artifacts and in the native condition for the first time (Figure 4) , and a protein layer responsible for stacking of the Golgi apparatus has been identified in the cisternae [86] . Thus, cryo-ET on cryolamella (cryo-FIB/ET) is right now the state-of-the-art technology to image intracellular membranes. This technology is directly amenable to sub-tomogram averaging and can be used to increase resolution of membrane proteins and membrane-shaping protein scaffolds inside virus-infected cells. As an example, an elegant study by Hagen et al. [87] , cryo-FIB/ET was recently applied, among other methods, to study the structure of the nuclear egress coat of Herpes viruses [87] .
Conclusions and perspectives
Throughout the review, we refer to the history of developments in EM since many of the 'modern' applications of EM to cell biology have been based on methods that were under continuous development for several decades. Why did the prince come along only now to kiss the sleeping beauty awake? The reasons are many and depend on countless contributions of many laboratories and companies involved in the developments. An important part of it is that modern equipment has become more user-friendly; cryo-sectioning as developed by Kiyoteru Tokuyasu [88] or by Al-Amoudi [31] used to be tedious, demanding techniques performed by only a few specialists. These can now be routinely taught to beginners owing to the development of more stable and user-friendly microtomes. FIB technology, a relatively novel technique to thin cells, came from material sciences and was first applied in 2006; Marko et al. [11] were first to prepare a vitreous lamella of a frozen-hydrated yeast cell that was subsequently imaged by cryo-TEM. In the same year, FIB was combined with SEM to perform sequential block-face imaging of a resin-embedded whole yeast cell, critical point-dried after milling to produce a 3D image [11] . Since then a handful of laboratories have developed and improved the methodology of cryo-FIB lamella preparation [35, 89, 90] and protocols for FIB/SEM 3D imaging [13] . The development of software, which increased the level of automation in TEM and SEM acquisition, was the cornerstone of 3D imaging. Finally, the tremendous advancements in cryo-EM imaging for boosting the signal-to-noise ratio now enable studying the structure of proteins ( particularly membrane or membrane-associated proteins that are difficult to crystalize) with near-atomic resolution [54] . Consequently, more and more biochemists are now using cryo-EM as the main method to study structure of isolated or membrane-reconstituted proteins. However, advancements in cryo-EM have not yet made their full impact on in situ cryo-ET studies -the future of cryo-EM lies in studying the structure of protein machineries and membranes inside the cells under close to native conditions [10] . This will allow biochemists, cell biologists and virologists to study the membraneprotein interactions at high resolution inside the cells close to their native condition.
Despite the recent developments in EM imaging, the sample preparation is still of outmost importance since poor-quality samples cannot be compensated by better microscopes or powerful software. The preservation of membranes may be of particular concern, as summarized in this review. At face value, many of the limitations associated with EM embedding can be overcome by using cryo-preservation and cryo-EM, such as artifacts of fixation, dehydration, contrasting and resin embedding. With cryo-techniques becoming more accessible owing to an increasing number of national and centralized EM facilities, it is plausible that cryo-EM will eventually replace routine protocols of chemical fixation and resin embedding to study intracellular membranes. However, some hurdles of cryo-EM will not be easily overcome: a paramount prerequisite for cellular cryo-EM is vitrification and even the most modern HPF machines cannot vitrify samples thicker than 200-300 μm due to physical properties of free water. Chemical fixation and resin embedding will thus further be necessary to study large biological volumes such as whole embryos or tissues. As mentioned already by Cope and Williams in the 1960s, it will remain important to address questions using several complementary EM techniques combined with statistical analysis to convince us that what we see is true. The hope is that the powerful capabilities of EM will continue exciting many young scientists, who in turn will come up with many more ideas for improving sample preparation and imaging techniques in EM to continue its wave of success.
Abbreviations
2D, two-dimensional; 3D, three dimensions; ABF, axial bright-field; CEMOVIS, cryo-EM of vitreous sections; DQE, detective quantum efficiency; EM, electron microscopy; ET, electron tomography; FIB, focused ion beam; FIB-SEM, focused ion beam-SEM; FS, freeze-substitution; HPF, high-pressure freezing; SBF-SEM, serial block-face SEM; SEM, scanning EM; SS, serial sectioning; TEM, transmission EM; VPP, volta-phase plate.
